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ABSTRACT: Activation of redox cascades through hydrogen peroxide-mediated reversible cysteine oxidation is a major
mechanism for intracellular signaling. Understanding why some cysteine residues are specifically oxidized, in competition with
other proximal cysteine residues and in the presence of strong redox buffers, is therefore crucial for understanding redox
signaling. In this review, we explore the recent advances in thiol-redox chemistry linked to signaling. We describe the last findings
in the field of redox sensors, those that are naturally present in different model organisms as well as those that have been
engineered to quantify intracellular hydrogen peroxide concentrations. Finally, we provide a summary of the newest approaches
developed to study reversible cysteine oxidation at the proteomic level.

Reactive oxygen species (ROS) refer to a variety of
molecules and free radicals that are produced as normal

intermediates in the reductive process from molecular oxygen
(O2) to water inside cells. Thus, one-electron reduction of O2
produces superoxide anion (O2

−•), the precursor of many ROS.
O2

−• dismutation, either spontaneously or catalyzed by
superoxide dismutase, yields hydrogen peroxide (H2O2), a
nonradical species. H2O2 can be partially reduced to hydroxyl
radical (OH•), one of the strongest oxidants in nature, or fully
reduced to water.1

The highly reactive nature of the different ROS makes them
toxic to cells; as a consequence, if not counteracted by
antioxidant enzymes or molecules, these can cause irreversible
damage to proteins,2 lipids,3 and DNA.4 Nevertheless, in the
particular case of ROS reacting with proteins, there is a narrow
window in which small fluctuations of their steady-state
concentrations may play roles in intracellular signaling.5

However, not all ROS are equally suited to participate in
redox signaling events. Specific physical and chemical proper-
ties confer to H2O2 the most appropriate characteristics for this
role. First, it is a quite stable molecule in cells (half-life of 10−3

s) that, in spite of being a strong oxidant (E′° = 1.349 V for its
reduction to water at pH 7),6 kinetic barriers restrain its
indiscriminate reactivity with biomolecules. Second, it is able to
specifically oxidize certain amino acids (see below) in a target
protein in a fast and reversible way. Thus, in general, H2O2 does

not react with amino acid side chains in proteins, and its
toxicity is mainly due to its conversion to the more reactive
species OH•. However, methionine and cysteine (Cys) residues
reach higher second-order reaction rates [∼10−2 M−1 s−1 for
the reaction with methionine,1 and ∼20 M−1 s−1 for reactions
with low-molecular weight thiol compounds (or their
corresponding thiolates) at physiological pH7]. Oxidation of
methionine and Cys to low oxidation states (methionine
sulfoxide and sulfenic acid/disulfides, respectively) can be
reversed by intracellular reducing systems, but only Cys
oxidation has been unambiguously described to participate in
the activation of H2O2-responding pathways (very few
examples in the literature suggest methionine oxidation playing
a similar regulatory role in signaling8). Accordingly, oxidation of
thiols in proteins with H2O2 to reversible forms can proceed
with high rate constants of up to 108 M−1 s−1.9 In fact, this high
reactivity of H2O2 with a particular Cys provides the basis by
which H2O2 engages in intracellular signaling cascades.10−12

In this review, we discuss the role of H2O2-dependent
reversible Cys oxidation linked to signaling. First, we focus on
the mechanism of the reaction of H2O2 with thiols from Cys
residues and how specificity is achieved, allowing this species to
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participate in signaling processes. We then describe the
pathways required to restore thiol−redox equilibrium once it
is altered, that is, the thioredoxin and glutaredoxin systems. We
also describe here the best characterized H2O2 sensors in
signaling cascades in both bacteria and eukaryotes, and how
their exquisite reactivity with H2O2 has been exploited to design
genetically encoded reporters of H2O2 fluctuations. Finally, we
discuss some of the current available methodologies for
studying thiol modifications at the proteome level.

■ H2O2 REACTIVITY WITH THIOL GROUPS
Even though they are not very abundant, Cys residues are over-
represented in functional regions of proteins.13 The sulfur atom
can be in any oxidation state ranging from +6 to −2,14 and
therefore, its oxidation/reduction is an important mechanism of
post-translational modification. Thus, low levels of H2O2 can
oxidize the Cys thiol initially to sulfenic acid (SOH). This is a
very reactive species; it will rapidly form a disulfide bond or a
sulfenamide if there is any thiol or nitrogen available in the
vicinity, respectively. With larger doses of H2O2, SOH may
become further oxidized to sulfinic (SO2H) or sulfonic (SO3H)
acid. The oxidized forms SOH, disulfide, and sulfenamide can
be reduced to the initial -SH thanks to specific cellular activities,
the thioredoxin (Trx) and the glutathione/glutaredoxin (GSH/
Grx) systems (Figure 1). Occasionally, -SO2H can be reduced

in an energy-consuming process by sulfiredoxins, when this
species is formed in some members of the family of
peroxiredoxins (Prxs).15−17 Thus, by being oxidized to different
forms, Cys residues in proteins can act as sensors of H2O2,
providing cells with a mechanism for sensing and responding to
changes in the redox environment.
Kinetic Barriers Govern Cys Thiol Reactivity with

H2O2. As mentioned above, H2O2 is a powerful oxidant;
however, it generally reacts slowly with thiols in proteins. That
is because, although this reaction is thermodynamically
favorable, high energy is required to reach the transition state
of the reaction. Hence, the reactivity of H2O2 with thiols in Cys

residues is mainly governed by kinetics.18 This is an advantage
when considering H2O2 acting as a second messenger, because
kinetics and spatial relationships are the only factors governing
ROS specificity.5,19 In fact, H2O2 specific thiol targets, those
meant to transmit information, must be competitive not only
with any other type of thiols contained in proteins in the milieu
but also with the antioxidants supposed to control their redox
state. Understanding the reactivity of H2O2 with thiol groups is
therefore crucial to explain how this species engages in signaling
processes.
Reaction of H2O2 with a thiol group requires first the acid/

base deprotonation of the thiol to a thiolate. Once this species
is formed, it attacks the symmetric H2O2 electrophile through a
nucleophilic substitution type 2 (SN2). Thus, the available
fraction of thiolate, its stability, and its ability to act as a
nucleophile are major determinants of the rates of reaction
between these two species.
The pKa of a thiol group in a Cys residue is directly related to

the equilibrium constant of its deprotonation reaction (R-SH
↔ R-S− + H+; Ka = [H+][R-S−]/[R-SH], in which [H+], [R-
S−], and [R-SH] are the equilibrium concentrations in moles
per liter, and pKa = −log Ka). Lowering the pKa of the
nucleophilic Cys will increase its thiolate fraction and hence its
reactivity. On the basis of studies of Cys reactivity in enzymes
of the Trx family, Roos et al.20 determined that hydrogen
bonding interactions of the sulfur atom with the surrounding
environment are the main factors stabilizing the negative charge
of the thiolate, lowering its pKa as a consequence. Other factors,
including solvation and electrostatic effects, are less likely to
make an important contribution. However, having a low pKa
value is not a guarantee of enhanced reactivity. In fact, factors
that stabilize the thiolate species also decrease its nucleophilic
character (the availability of the negative charge diminishes),
rendering a larger energy to reach the transition state. As a
consequence, the effect of lowering the pKa on rate enhance-
ment is more significant at pKa values close to the pH of the
solution.21,22

In general, the pKa values of the sulfhydryl group of free Cys,
GSH, and many Cys residues linked to a protein backbone,
especially those buried,23 are around or even higher than
8.5.24,25 Thus, these molecules are not very reactive with H2O2
at physiological pH. However, there are many examples in the
literature of acidic sulfhydryl groups, especially in solvent-
exposed Cys residues13 and in catalytic centers of many
enzymes, with different outcomes regarding reactivity with
H2O2. Thus, thiols in proteins with low pKa values, including,
for instance, protein tyrosine phosphatases (PTPs) or
glyceraldehyde-3-phosphate dehydrogenase (GAPDH), whose
function is modulated by switches in the oxidation status of
some of their Cys,26,27 have low reactivity rates, with values
similar to those of free Cys or GSH. However, proteins
including Prxs or glutathione peroxidases (GPxs) reach rate
constants 5−7 orders of magnitude higher. It is likely that other
factors, besides pKa, are important determinants of the
reactivity of Cys with H2O2 (see the last paragraph of the
next section).

Peroxiredoxins Contain Highly H2O2-Sensitive Cys
Residues. In fact, even though low pKa values are common
among catalytic Cys residues, fast reactions occur only when
substrates are appropriate for a particular enzyme.21 The
reaction of H2O2 with Prxs is probably one of the best examples
to illustrate this concept.

Figure 1. Scheme representing different oxidation states of a sulfur
atom upon H2O2-dependent oxidation. After being exposed to H2O2,
thiol groups are initially oxidized to a sulfenic acid form. This species is
highly unstable, readily reacting with another proximal thiol to form a
disulfide bond. In a cellular environment, disulfide bonds can be
reduced to the thiol form by the enzymatic activities of the thioredoxin
or the GSH/glutaredoxin systems. In the presence of more H2O2,
sulfenic acid can be further oxidized to sulfinic or sulfonic acid, which
in general is an irreversible modification that cannot be repaired within
cells.
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Prxs make up a ubiquitous family of proteins, strongly
expressed in cells, that function not only as main detoxifying
enzymes for low intracellular H2O2 concentrations28−30 but
also as mediators of H2O2 signaling in eukaryotes.11 In a
manner different from that observed in other types of
peroxidases for which substrate−metal binding is required
(i.e., heme peroxidases), Prxs use a SN2-type mechanism in
which a thiolate reduces peroxide substrates with high order
rates (∼107 M−1 s−1) and high specificity. Thus, the catalytic
cycle starts with the thiolate from the “peroxidatic” Cys in the
active site of the Prx attacking the peroxide substrate, resulting
in the peroxide being reduced to the corresponding alcohol and
the thiol being oxidized to a SOH form. Then, in a resolution
step, a free resolving SH, present in the same subunit or in
another subunit of the Prx, attacks the SOH to form a disulfide
and release water. To complete the cycle, usually a Trx-like
protein or domain recycles the formed disulfide.31 In some
families of Prxs, in competition with the resolution step, there is
an overoxidation reaction, in which the SOH can react with
more molecules of H2O2 to form -SO2H or -SO3H, which
render the enzyme inactive. The hyperoxidized -SO2H form in
these Prxs can be recycled to SOH at the expense of ATP
consumption.10−12

The pKa of the thiol in the peroxidatic Cys at the active site is
brought down to values below 7 thanks to hydrogen bonding
interactions.32 However, this low pKa can explain only rate
constant values of ∼20 M−1 s−1, leaving unexplained rate
enhancements of 5−7 orders of magnitude. Hall and
colleagues32 proposed a model for the conformation of the
active site at the transition state, based on all known structures
of Prx−substrate complexes up to 2011, which could explain
the high catalytic rates of Prxs toward their substrates. Thus,
they showed how the Prx active site is perfectly organized to
stabilize the transition state. The latter would have a partial
bond formed between the sulfur atom and one of the oxygens
of the peroxide, and a partial O−O bond broken in a linear
transition state. The Ferrer-Sueta group21 later proposed a
mechanism that was complementary to the previous one, in
which they suggested that as H2O2 approaches the active site,
there is a shift of the hydrogen bonds from the thiolate to the
substrate, increasing in this way on one hand the nucleophilicity
of the thiolate, facilitating therefore its attack on the distal
oxygen, and yielding on the other hand a better leaving group
due to oxygen stabilization. Hence, for highly efficient catalysis,
as important as the activation of the nucleophile (the Cys
thiolate) are the stabilization of the transition state and the
formation of a good leaving group.
Primary Cys-Containing Sensors of H2O2 Reactivity.

Considering a kinetic model of H2O2-mediated thiol oxidation,
Prxs and GPxs have been proposed to be the only proteins with
Cys residues likely to be direct targets, to become fully oxidized,
and to initiate signaling cascades in response to H2O2.

33 Thus,
the thiol groups of Prxs and GPxs are highly reactive to H2O2
and display high abundance (up to 1% of the total protein in
cells).34 Thiol oxidation in other proteins with less reactive Cys
(such as PTPs or GAPDH) is more likely to occur through an
indirect mechanism, so that they would have to be selectively
oxidized by a “true sensor” in a second reaction (i.e., indirect
oxidation via oxidized Prx of GPx). Only in the case of Prxs and
GPxs being fully oxidized, and depending on their reactivity and
abundance, would other less reactive thiols be activated by the
oxidant in a Prx/GPx-dependent manner.18,21,33,35

A classical example of this biological setting, with a Prx
transferring the H2O2-dependent signal to a second effector
molecule, is the Tpx1−Pap1 redox relay in Schizosaccharomyces
pombe. As will be fully described below (see H2O2-Activated
Transcription Factors), the 2-Cys Trx-dependent Prx Tpx1 acts
both as a sensor and as a primary scavenger of the
endogenously generated H2O2. Thus, under physiological
conditions, Tpx1 performs its catalytic cycle detoxifying the
H2O2 concentrations generated during the aerobic growth of
the cell.36 However, this Prx has an additional role; under
oxidative stress conditions (extracellular H2O2 concentration of
∼0.2 mM), it is able to oxidize a different substrate other than
Trx, its naturally reducing system.37 Thus, with 0.2 mM H2O2,
Tpx1 becomes oxidized, forming a disulfide bond with another
subunit of Tpx1, and then, by a mechanism still not fully
understood, transfers the redox signal to the AP-1-like
transcription factor Pap1.38,39 Once Pap1 is oxidized, it
accumulates in the nucleus and triggers an antioxidant gene
expression program. This is an example of how kinetics governs
Cys reactivity. Thus, the true sensor of the pathway, Tpx1,
specifically transmits the signal to the secondary sensor of the
pathway, the transcription factor Pap1. Importantly, Cys
residues on Pap1 are not able to directly react with H2O2, as
Pap1 can be oxidized only in the presence of Tpx1, regardless
of the oxidant concentration used.

■ SOURCES OF REVERSIBLY OXIDIZED THIOL
REDUCTION: TRX AND GSH/GRX SYSTEMS

We have already discussed how kinetics of thiol oxidation in
some proteins allows H2O2 to act as a second messenger, but
for cellular signaling, as important as differential kinetics of thiol
oxidation is the recycling of the same oxidized proteins. Thus,
the recycling of sensors has to be fast, but at the same time slow
enough to allow them to perform their function prior to their
inactivation. Moreover, thiol to disulfide switches happen as a
consequence of cellular responses to oxidative stress, and other
proteins with reactive Cys undergo oxidations as part of their
catalytic cycles, or as a consequence of changes in the overall
thiol−disulfide redox balance.40 Thus, to cope with the need of
thiol-redox control, cells are provided with two major systems
meant to control the thiol−disulfide status, the Trx and the
GSH/Grx systems.
Trxs and Grxs belong to a group of enzymes that catalyze

thiol−disulfide exchange reactions, which in general share a
common structural motif known as the Trx fold.41 The
conserved Trx fold can be found in a variety of functionally
different proteins such as thiol−disulfide oxidoreductases,
protein disulfide isomerases, disulfide oxidases, glutathione S-
transferases, or thiol-dependent peroxidases.42 Structurally, it
consists of a central four-stranded β-sheet surrounded by three
α-helices. Hallmarks of the Trx fold in thiol-disulfide
oxidoreductases are a cis-proline residue located before the
third β-sheet and the CXXC or CXXS active site motif located
on the loop connecting β-sheet 1 and α-helix 1.43−45 The
nature of the two amino acids between the redox active Cys
determines the standard redox potential of the proteins
containing the Trx motif, explaining their different roles as
oxidases, reductases, or isomerases.46 Thus, Trxs (with a CGPC
motif), which are strongly reducing enzymes, have standard
redox potentials ranging from −260 to −285 mV;47 Grxs (with
a CPTC motif) are less reducing with standard redox potentials
ranging from −198 to −233 mV,48 and periplasmic DsbAs
(with a CPHC motif), which are thiol oxidases in the protein
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folding process, have standard redox potentials ranging from
−90 to −110 mV.46,49,50

Trxs and Grxs are thiol-disulfide oxidoreductases. Trx was
first discovered in 1964 as an electron donor for Escherichia coli
ribonucleotide reductase (RNR), an enzyme required for DNA
synthesis.51 Grx was later discovered as an alternative electron
donor for the same enzyme in E. coli mutants lacking Trx.52

Since then, it has become clear that these oxidoreductases
regulate a wide number of processes in eukaryotic and
prokaryotic organisms, apart from DNA repair and synthesis,
including antioxidant defense and redox regulation, sulfur
metabolism, or apoptosis, by mediating the transfer of electrons
to enzymes such as Prxs, GPxs, methionine sulfoxide
reductases, phosphoadenylyl sulfate (PAPS) reductase, or
RNR.50,53

The reaction catalyzed by these oxidoreductases proceeds by
an SN2-type mechanism, in which the electrons from Trx or
Grx are transferred to a substrate protein. The solvent-exposed
thiolate of the N-terminal Cys of the CXXC motif, with a low
pKa, attacks a disulfide in the substrate protein to form an
intermolecular mixed disulfide. Upon formation of the mixed
disulfide complex, the pKa of the C-terminal Cys of the CXXC
motif decreases, yielding a thiolate, which is then able to break
the mixed disulfide with the target protein and generate both
reduced target protein and oxidized Trx or Grx.54,55 To keep its

biological activity, the disulfide formed in the oxidoreductase
has to be reduced. In the case of Trx, this process is driven by
Trx reductase (TrxR),51,56 which shuttles electrons from
NADPH to Trx. Trx, TrxR and NADPH constitute the Trx
system (Figure 2A). In the case of Grx, recycling is done by one
molecule of GSH, leading to a mixed disulfide between GSH
and the N-terminal active site Cys of the Grx. This mixed
disulfide is then reduced by a second GSH molecule [dithiol
mechanism (Figure 2B, top panel)]. Disulfides between GSH
and proteins or low-molecular weight compounds can be
reduced in a different way, which requires only the Grx N-
terminal Cys [monothiol mechanism (Figure 2B, bottom
panel)]. In this case, the non-GSH molecule is the best leaving
group, while GSH forms a mixed disulfide with the N-terminal
thiol, which is then reduced by a second molecule of GSH. In
both cases, oxidized GSH is formed (GSSG), and this species is
then reduced by glutathione reductase (GSHR) at the expense
of NADPH.57 Grx and GSH, GSHR, and NADPH constitute
the GSH/Grx system.

Functional Roles of the Trx and GSH/Grx Systems. Trx
and GSH/Grx systems are key mediators of electron flow.
These are thermodynamically linked by the ultimate electron
donor inside the cell, NADPH (with a redox potential of −315
mV).58 Electrons are therefore transferred from NADPH to
final substrates through gradients in redox potentials, but why is

Figure 2. Systems of thiol-redox control. (A) Trx system. Disulfide bonds in proteins can be recycled to their reduced form with electrons provided
by NADPH through a series of reactions that involve redox cycling of thioredoxin (Trx) and thioredoxin reductase (TrxR). (B) GSH/Grx system.
The top panel shows the dithiol mechanism. Disulfide bonds in proteins can be recycled to their reduced form with electrons provided by NADPH
through a series of reactions that involve redox cycling of glutaredoxin (Grx), glutathione (GSH), and GSH reductase (GSHR). The bottom panel
shows the monothiol mechanism. Disulfides between GSH and proteins require only the N-terminal Cys of Grx to be reduced. The non-GSH
molecule is the best leaving group, while GSH forms a mixed disulfide with Grx, which is then reduced by a second molecule of GSH. Electrons are
provided by NADPH through GSHR.
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it necessary to have two different systems acting in thiol-redox
control? Are these systems redundant? Many studies have
yielded different outcomes depending on the organisms
studied.
In E. coli, the two systems seem to be largely redundant; only

mutants lacking enzymes of both pathways are not viable. Thus,
double mutants lacking Trx and Grx or Trx and GSH
(ΔtrxAΔgrxA or ΔtrxAΔgshA, respectively) are unviable
because of the accumulation of PAPS, a toxic metabolite
from the sulfate assimilation pathway, suggesting that both
TrxA and GrxA are required for PAPS reduction.59 Likewise, E.
coli lacking Trx, Grx, GSH, and GSHR (ΔtrxAΔtrxCΔgrxA,
ΔtrxBΔgshA, ΔtrxBΔgor, or ΔtrxAΔtrxCΔgshA) are aerobi-
cally unviable as a consequence of defective RNR type I
(NrdAB, class Ia) reduction,60 suggesting that TrxA, TrxC, and
GrxA are alternative electron donors for this RNR.61−63

Importantly, these systems do not seem to have a major role
in the detoxification of H2O2 in this organism. Thus, E. coli
carries only a Trx-dependent GPx homologue (BtuE),64 and it
uses Prx AhpC as the major peroxide-scavenging enzyme.28

The particularity of this enzyme is that it uses its own NADH
(and occasionally NADPH)-dependent reductase, AhpF, a
protein harboring a TrxR-like core of two domains connected
to a third N-terminal domain composed of two Trx-like
domains.58 These systems are important, however, for reducing
the highly H2O2-sensitive antioxidant transcription factor
OxyR, at least in vitro, although Grx1 is likely to be the in
vivo reductant.65−67

In contrast, the Trx and GSH/Grx systems are not fully
redundant in eukaryotes. Thus, in yeast, the Trx system is the
main electron donor for enzymes such as RNR, PAPS
reductase, methionine sulfoxide reducatases, Prxs, and GPxs.
Accordingly, Saccharomyces cerevisiae mutants lacking both
cytoplasmic Trxs (Δtrx1Δtrx2) have an extended S phase, a
smaller pool of deoxyribonucleotides, and an increased fraction
of oxidized RNR. However, these mutants are still viable,
suggesting a role for the GSH pathway in (inefficient) RNR
reduction. Hence, a quadruple mutant lacking both cytoplasmic
Trxs and Grxs is not viable (Δtrx1Δtrx2Δgrx1Δgrx2).68−70
Moreover, Δtrx1Δtrx2 S. cerevisiae mutants are auxotrophic for
sulfur amino acids,69 unless these are grown in an atmosphere
with a low oxygen concentration or in the absence of functional
mitochondria, in which case the GSH/Grx pathway can
inefficiently reduce PAPS reductase.68 In addition, the Trx
system has a major role in H2O2 detoxification in yeast by
acting as an electron donor for the two different families of
peroxidases that are present in this organism, the Prxs Tsa1,
Tsa2, Ahp1, nTpx, and mTpx71−73 and the GPx-like proteins
Gpx1, Gpx2, and Gpx3.74,75 Similarly, in the fission yeast S.
pombe, there are three Trx-dependent peroxidases, the Prxs
Tpx1, Pmp20, and BCP,76 and one member of the GPx family,
Gpx1.77 Tpx1 is the main detoxifier of the H2O2 endogenously
generated during the aerobic growth of the cell; hence, S. pombe
cells lacking Tpx1 are viable on plates only when the cells are
grown under an anaerobic atmosphere.36,38 Tpx1 is a major
substrate for thioredoxins,78 and S. pombe cells lacking both
cytoplasmic Trxs (Trx1 and Trx3) display constitutively
oxidized Tpx1,37 although a combination of three gene
deletions (Δtrx1Δtrx3Δgrx1) is needed to render these cells
unviable aerobically, suggesting a secondary role for the GSH/
Grx system in Tpx1 reduction. Moreover, the transcription
factors ScYap1 and its S. pombe homologous Pap1, both
triggering an antioxidant program upon H2O2- and peroxidase-

mediated thiol oxidation (see H2O2-Activated Transcription
Factors), are constitutively active in yeast mutants lacking
TrxR.79,80

According to the role of the Trx system in the yeast thiol-
redox control depicted above, it would seem that the GSH/Grx
system does not have a significant function in these organisms.
However, GSH is an essential metabolite in yeast. Thus, yeast
cells lacking γ-glutamylCys synthetase (Gsh1), the enzyme
catalyzing the rate-limiting step of GSH biosynthesis, are
aerobically and anaerobically not viable, only growing if GSH is
exogenously provided to the medium.81 Because these cells are
anaerobically not viable, and mutants lacking both cytoplasmic
Grxs (Δgrx1Δgrx2) are viable, it seems that the essentiality of
GSH is due neither to a ROS-protective function nor to an
oxidoreductase activity of the metabolite. Then, what is the
molecular cause of this lethality? Toledano and co-workers
determined that GSH cellular depletion provokes major
alterations in iron metabolism, without causing major
repercussions in thiol-redox control.82 Only in the case of an
excessive load of GSH would the oxidative protein folding and
secretion pathways be blocked. The conclusion from their work
is that GSH is not required for cellular thiol-redox control
unless there is a failure of the Trx system, in which case GSH
would act as a backup for the Trx system.58,82,83 The essential
role of GSH in budding yeast is related to its participation in
iron−sulfur cluster assembly.82

Electron Flow Control by Trx and GSH/Grx Systems.
The importance of these systems as electron flow pathways was
demonstrated 20 years ago by Beckwith and colleagues.84 They
designed a disulfide reporter system taking advantage of the
periplasmic enzyme alkaline phosphatase (AP) in E. coli, which
became active when folded by intramolecular disulfide bond
formation. If expressed in the cytoplasm, upon removal of its
signal sequence, the protein was not properly folded due to lack
of oxidation and remained inactive. However, in a mutational
screening, this group found that AP activity was restored in the
cytoplasm of cells lacking TrxR (TrxB in E. coli).84 Later, they
showed that deletion of the two E. coli cytoplasmic Trxs, TrxA
and TrxC, completely eliminated the AP activity restored by
TrxB.85 These results suggested that lack of TrxR promoted the
formation of disulfide bonds in proteins (in this particular case,
formation of an AP intramolecular disulfide) due to
accumulation of oxidized Trxs. As a consequence of electron
flow disruption upstream of Trx in the Trx system, the activity
of this protein is shifted from a reducing catalyst into an oxidant
one. In accordance with these results, we have recently
investigated the role of Trx and TrxR in general thiol
homeostasis in the fission yeast S. pombe.86 We found that
the levels of basal thiol oxidation in cells lacking Trx1 (the main
cytoplasmic Trx in this organism) are very similar to those of a
wild-type strain. Only few Cys residues in specific proteins are
clearly reversibly oxidized in Δtrx1 cells.86 These proteins with
oxidized Cys belong to classical Trx substrates, which are
proteins that switch the redox status of some of their Cys
residues in their catalytic cycles, and require electrons from Trx
to return to their initial reduced state (Tpx1, Gpx1, PAPS
reductase, and methionine sulfoxide reductases Mxr1 and
Mxr2). The absence of massive thiol oxidation in this strain
background points to Trx1 being dispensable for keeping
general cytoplasmic thiols reduced. However, we observed
massive thiol oxidation in cells lacking the only S. pombe TrxR
(Δtrr1).86 Proteins with oxidized Cys in this background
belonged to many different functional categories, a scenario
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Figure 3. Prokaryotic and eukaryotic H2O2-activated transcription factors. (A) H2O2 sensing mechanism of OxyR. Under basal conditions, reduced
OxyR is bound to promoter regions of target genes with low affinity. Upon exposure to H2O2, Cys199 is first oxidized to sulfenic acid and then forms
a disulfide bond with Cys208. The resulting conformational change in OxyR increases its binding affinity for DNA, resulting in the activation of
target genes. (B) Proposed model of the Yap1 sensing mechanism. Under basal conditions, Yap1 is kept in the cytoplasm in a reduced form bound to
Orp1. Upon H2O2 exposure, the GPx Gpx3/Orp1 Cys36 is first oxidized to a sulfenic form. This oxidized Cys forms an intermolecular disulfide
bond with Yap1 Cys303, which then by a disulfide exchange reaction is converted in a Yap1 intramolecular disulfide bond between Cys303 and
Cys598. The resulting conformational change masks the Yap1 C-terminal NES, triggering the nuclear accumulation of Yap1 that can bind to target
genes. Further oxidation to yield additional disulfide bonds in Yap1 has also been proposed (see the text for details) (C) Pap1 sensing mechanism of
H2O2. Under basal conditions, the Prx Tpx1 reduces H2O2, and it is recycled by Trx1. Upon mild exposure to H2O2 (0.2 mM extracellular), oxidized
Tpx1 exceeds available reduced Trx1, and Pap1 behaves as an alternative electron donor for Tpx1. Tpx1 may oxidize a Pap1 nCRD Cys (Cys285 or
Cys278) by a mechanism based on a SOH to disulfide transfer or through a disulfide-to-disulfide isomerization (see text for details). As in the case of
Yap1, Pap1 accumulates in the nucleus after disulfide bond formation. Probably, two disulfides are formed upon H2O2 stress. (D) Proposed
mechanism of Nrf2 activation by H2O2. Newly transcribed Nrf2 binds to a Keap1 dimer in a conformation that favors Nrf2 ubiquitination by Keap1-
bound Cul3, which results in Nrf2 proteasomal degradation. Upon exposure to H2O2, Keap1 Cys151 would be oxidized and form a disulfide bond
with Cys151 of the other subunit of the dimer. The resulting conformational change would prevent Nrf2 ubiquitination by Cul3 and subsequent
proteasomal degradation. Because Nrf2 would still be bound to Keap1, newly translated Nrf2 would be able to translocate to the nucleus and activate
the transcription of target genes.
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more likely emulating a disulfide stress, defined as a situation
involving non-native disulfide bond formation, between or
within proteins, which can lead to toxicity due to general
protein misfolding. Importantly, the level of thiol oxidation was
significantly decreased upon removal of the two S. pombe
cytoplasmic Trxs (Trx1 and Trx3), and their major substrate,
the Prx Tpx1. Our results suggest that the absence of the Trx
system does not trigger general thiol oxidation per se, but
elimination of its reductase does so through accumulation of
oxidized Trxs and Tpx1. These studies point to Trxs as main
keepers of reduced solvent-exposed Cys, but only when there is
an appropriate reducing environment, which in this case means
the presence of TrxR and reduced cofactor NADPH.
Furthermore, these Trxs may participate in general thiol
reduction after oxidative stress but are not required to keep
exposed Cys residues reduced during normal aerobic growth.

■ H2O2-ACTIVATED TRANSCRIPTION FACTORS
Different signaling cascades in both prokaryotic and eukaryotic
cells are activated when the intracellular concentrations of
H2O2 rise above certain thresholds, with the role of triggering
antioxidant programs, mainly at the transcriptional level.
As mentioned in the first section, intracellular signaling is

mostly mediated by H2O2, an oxidant less reactive than other
ROS. The mild reactivity of H2O2 with target proteins must,
therefore, be compatible with the nanomolar range of
concentrations of this oxidant in the cell. On the other hand,
targets should have a unique reactivity to outcompete
interactions of H2O2 with other targets, to account for the
specificity required in signaling.33 In addition to specificity,
other signaling criteria to meet are fast kinetics and reversibility.
The oxidation and reduction of thiol groups of protein Cys is
probably the main mechanism by which H2O2 is integrated into
cellular signaling pathways. A proposed mechanism relies on
the presence of very reactive thiol proteins, called sensor
proteins, that once oxidized would facilitate the oxidation of
other target proteins through selective protein−protein
interactions and thiol exchange. As fully described in previous
sections of this review, Prxs and GPxs, because of their low pKa
values, their constant rates, and their ubiquity and abundance,
would be the only cellular thiol proteins with sufficient
reactivity to be direct targets of H2O2 and therefore behave
as sensor proteins acting in signaling cascades.33 However, a
few exceptions to this rule have been described in some cell
types.
In the next paragraphs, we will discuss the reactivity of

prokaryotic and eukaryotic sensors and their transducer
proteins as well as their role in signaling cascades. Although
all the sensor proteins discussed below may be modified by
different oxidizing chemicals, we will keep our focus on H2O2-
mediated signaling. We do not intend to provide a full list of
proteins activated by H2O2 to induce transcriptional stress
programs, but rather to summarize the results regarding four
representative examples: OxyR in E. coli, Yap1 and Pap1 in
budding and fission yeast, and Nrf2 in animal cells.
OxyR, Activator of the H2O2-Dependent Response in

E. coli. OxyR is a 34 kDa protein member of the LysR family of
transcription activators87 generally found in Gram-negative
bacteria but also in a few Gram-positive bacteria.88,89 OxyR is
considered as a classical peroxide receptor because it is
activated by low H2O2 levels just above cellular physiological
concentration (it is activated at concentrations of >20 nM) and
below the threshold toxic level estimated to be >1 mM.65 These

small increments in peroxide concentrations are sensed by a fast
reaction of the oxidant with Cys199 of the protein (reaction
rate of 1.1 × 105 M−1 s−1).90 As will be fully described below,
OxyR performs both sensing and transcriptional regulatory
functions.
Like other regulators of the LysR family, it contains a

conserved N-terminal helix−turn−helix DNA binding domain,
a central recognition and response domain that senses the
regulatory signal, H2O2, and a C-terminal domain that functions
in multimerization and transcriptional activation.87,91−94

OxyR functions primarily as a global regulator of the
peroxide stress response that keeps intracellular H2O2 levels
below toxic levels95 but also plays a role in the cellular response
to thiol depletion65 and nitrosative stress, the latter under
anaerobic nitrate respiration growth conditions.96

The OxyR regulon of E. coli regulated by peroxide stress is
comprised of >40 genes, most of them being positively
regulated, and only a few are repressed by OxyR.97 The
genes included in the OxyR regulon are involved in H2O2
detoxification (katE and ahpCF), heme biosynthesis (hemH),
reductant supply (grxA, gor, and trxC), thiol−disulfide
isomerization (dsbG), Fe−S center repair (sufA−E and suf S),
iron binding (yaaA), repression of iron import systems ( fur),
and manganese import.98−100

Homotetrameric OxyR is bound to promoter−operator
regions of target genes under uninduced conditions (Figure
3A). Direct oxidation of Cys residues in OxyR by H2O2 changes
the conformation of the tetramer that, in turn, increases the
affinity of OxyR for its DNA binding sites101−103 and triggers
the activation of OxyR-bound promoters. The activation of
OxyR by H2O2 is a transient process because oxidized OxyR is
slowly reduced via glutaredoxin 1 (Grx1) using electrons
supplied by reduced GSH.65−67

Two basic models have been proposed to describe the
molecular mechanism of oxidant sensing by OxyR. According
to the first “conformational switch” model, OxyR directly reacts
with H2O2 through a unique Cys residue (Cys199) that, under
basal conditions, is stabilized in the thiolate form by a
conserved arginine, among other amino acids.104 When
intracellular H2O2 levels reach 100 nM, Cys199 is oxidized to
SOH. The reaction rate for SOH formation is very rapid
(∼105−107 M−1 s−1, depending on the method), which reflects
the high H2O2 reactivity of Cys199.105 Cys199-SOH rapidly
reacts with Cys208-SH to form an intramolecular disulfide
bond.67,104 Cys199 and Cys208 are far apart one from each
other, ∼17−18 Å, and separated by a rigid α-helix.104,106,107

Therefore, for the formation of a disulfide bond, there has to be
a dramatic conformational change that occurs with a rate
constant of ∼9.7 s−1.90 The driving force for this conforma-
tional switch seems to be the flipping out of the Cys199-SOH
from the hydrophobic interdomain pocket that can no longer fit
the SOH. The ejection of the oxidized Cys renders the region
more flexible, and the chances of meeting Cys208 in another
flexible loop are increased. When these two Cys residues meet,
they form the disulfide bond, resulting in a second structural
rearrangement in the regulatory domain (amino acids 80−
305)108 that finally alters the associations between the subunits
within the tetramer, leading to altered DNA binding properties
and allowing transcription activation. However, what about the
reverse step of OxyR inactivation by reduction of the disulfide
bond? Studies employing circular dichroism did not reveal
differences between reduced and oxidized OxyR.90 However,
fluorescence spectroscopy studies analyzing the fluorescence of
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OxyR Trp175 revealed that the oxidized state is destabilized by
∼3 kcal/mol compared to reduced OxyR. Thus, local
destabilization of the oxidized form appears to mediate the
reverse conformation switch once the disulfide is reduced by
Grx1.90

The second model for describing OxyR activation by H2O2,
named the “molecular code” model, suggests that oxidation of
Cys199 alone is sufficient to activate OxyR in the absence of
disulfide bond formation.109 Different forms of Cys199
oxidation resulting from different redox agents (sulfenylated
Cys199-SOH, S-nitrosylated Cys199-SNO, and S-glutathiony-
lated Cys199-SSG) appear to generate different outputs in
OxyR while modifying the same Cys. This model was first
based primarily on in vitro studies of transcription activation by
the different forms of oxidized OxyR and on circular dichroism
analysis of the different OxyR−DNA complexes.109,110 This
model was later reinforced by the observation that OxyR
Cys199 thiol esterification resulted in the activation of target
genes both in vitro and in vivo.111 Interestingly, the set of genes
activated by OxyR nitrosylation was distinct from those
activated in response to H2O2. Only Cys199, one of the six
Cys residues in OxyR, was nitrosylated, indicating that this
modification is highly specific. It would therefore be interesting
to determine the structural changes induced by S-nitrosylation
and to explain how these changes affect its specific activity. Very
recently, Seth and colleagues demonstrated that Cys199 of
OxyR was nitrosylated in vivo in response to endogenous
nitrosative stress in a way that was independent of nitric oxide
synthases or O2.

96

A second structural class of OxyR proteins, with only one
Cys, has been identified in Deinococcus radiodurans.112,113

DrOxyR and DrOxyR2 are the two novel proteins found in this
organism, and each contains only one Cys roughly correspond-
ing to Cys208 in the E. coli protein. They also contain
conserved residues that have been implicated in DNA binding,
activation, and multimerization. However, residues in the E. coli
protein that are predicted to play a role in SOH formation at
Cys199 and subsequent disulfide formation with Cys208 are
absent in this protein. In vitro chemical modification studies
have shown that H2O2-dependent activation of DrOxyR
involves the formation of a Cys-SOH at the essential sensing
Cys.112 Despite the differences in the sensing mechanism that
necessarily exist between one-Cys and two-Cys OxyR proteins,
the truth is that DrOxyR is able to complement an E. coli OxyR
mutant, indicating, at least, functional similarity.
Yap1 in S. cerevisiae. Yap1 is a bZIP DNA binding protein

member of the eukaryote AP-1 family of transcription factors
that includes mammalian transcription factors such as c-Jun.114

It is an essential regulator of the H2O2 adaptive response
115,116

and regulates the expression of genes of the H2O2 regulon
encoding most cellular antioxidants (Trx2) and enzymes of the
glutathione and pentose phosphate pathway.72,116,117

Yap1 is a 650-amino acid protein that has three domains. The
N-terminal domain contains a nuclear localization signal (NLS)
and the basic-leucine zipper (bZIP) DNA-interacting domain.
The central and C-terminal domains contain three Cys residues
each and are called Cys-rich domains (nCRD and cCRD,
respectively). The cCRD also has an embedded noncanonical
nuclear export signal (NES) that interacts with Crm1/Xpo1
and that under basal conditions restricts Yap1 to the cytoplasm
(Figure 3B).
Yap1 is activated upon exposure to different oxidants like

peroxides or thiol-modifying drugs such as diamide.116

However, the mechanism of Yap1 activation is different
depending on the oxidant. In the specific case of activation
by H2O2, oxidation of a subset of Yap1 Cys residues leading to
at least three different disulfide bonds results in a conforma-
tional change that masks the Yap1 NES, and therefore, Yap1
accumulates at the nucleus where it binds to target genes and
activates their transcription.118−120 After a certain period of
time, Yap1 is reduced by thioredoxins Trx1 and Trx2 and the
protein returns to its main cytosolic localization.121

Yap1 is activated by mild levels of H2O2 ranging from 0.1 to
0.8 mM, and Yap1 oxidation and nuclear accumulation are
observed within minutes of H2O2 treatment.121 Direct
oxidation of Yap1 by H2O2 does not occur. Instead, H2O2
oxidizes the GPx-like protein Gpx3/Orp1 that, in turn, oxidizes
Yap1.75,122 Still, the in vivo activation of Yap1 by Orp1 requires
a third partner, Ybp1. The role of Ybp1 is not yet fully
understood, but it may participate in either holding Gpx3 and
Yap1 together or stabilizing Yap1.123−125

The mechanistic details of Yap1 activation, schematically
summarized in Figure 3B, have been addressed by different
groups using both in vivo and in vitro reconstitution assays with
different versions of Yap1 Cys mutants.75,122,126,127 Thus, even
though the particular Cys residues in Yap1 and Orp1 involved
in the activation process have been identified, the precise
sequential disulfide bond rearrangements that take place in the
Yap1 protein are not yet fully understood. Under basal
conditions, most of the population of Yap1 is cytosolic and
interacts with the Ybp1 protein through a Yap1 region
encompassing residues 379−650, which includes the Yap1
transactivation domain and the cCRD,123 and also with Orp1.75

Upon H2O2 treatment, Orp1 Cys36 is directly oxidized to
SOH, and then, this Cys36-SOH reacts with Yap1 Cys301 to
form an Orp1−Yap1 disulfide bond. This transient Yap1−Orp1
intermolecular disulfide linkage is then isomerized to the
intramolecular C301-SS-C598 disulfide of Yap1, releasing
reduced Orp1. The interaction of Orp1 with Yap1 under
basal conditions without any intervening covalent bond may
explain why Orp1 Cys36-SOH reacts more readily with Yap1
Cys598-SH than with Orp1 resolving Cys82, as Yap1 Cys598
may be closer to Orp1 Cys36 than Orp1 Cys82. The high
reactivity of Orp1 Cys36 is explained by its low pKa (5.1) and
amino acid environment.122 Mass spectrometry and nuclear
magnetic resonance studies of oxidized Yap1 revealed the
existence of two disulfide bonds, one engaging the already
described Cys301 and Cys598 and a second one between
Cys310 and Cys629.126,128 These two disulfide bonds are
necessary to bring together the nCRD and cCRD masking the
NES sequence. However, they are not sufficient to stabilize the
interaction between the two domains, and other amino acids
like Phe302 and Met306 may be necessary. Another study using
an in vitro reconstituted system containing Orp1, Yap1, the
thioredoxin system, and NADPH showed that oxidation of all
six Yap1 Cys residues generates four oxidized forms of Yap1
with increased thermodynamic stability.127 The first of these
disulfide bonds occurs within 15 s upon exposure to H2O2 and
is an intra-nCRD bond between Cys310 and Cys315. Then, in
the next 5 min, a disulfide bond linking Cys301 (nCRD) and
Cys598 (cCRD) is formed. A third step is the formation of
another bond between the nCRD and cCRD involving Cys310
and Cys629. The authors suggest that the first intra-nCRD
bond may help the formation of the latter disulfide link. Finally,
as the levels of reduced Trx start to increase, because the levels
of H2O2 are decreased, another disulfide between Cys315 and
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Cys620 could be formed. The subsequent generation of three
disulfides linking the nCRD and cCRD would contribute to an
efficient and prolonged response.127,129 In this sense, it has
been shown that the proper folding of Yap1 in the presence of
H2O2 is required not only for nuclear accumulation but also for
recruitment of Rox3, a mediator component, to the TRX2, but
not to the GSH1, promoter. The generation and function of the
nCRD intradomain disulfide is not understood, either. Finally,
another important question that remains unanswered is how
the disulfide-bonded Cys residues that are separated by an
∼300-amino acid domain can be brought together in such a
rapid and precise manner.
It is also worth mentioning that some budding yeast strain

backgrounds display a different setting regarding the Yap1
redox relay. Thus, in some specific strains, the Prx Tsa1 is also
required for Yap1 activation. Tsa1 was originally identified in a
screen for mutants that prevented Yap1 activation.130 However,
this requirement is observed only in the absence of YBP1,
which occurs in those strain backgrounds,123,131 and the
oxidation of Yap1 is much weaker than observed in cells with
active Ybp1 where H2O2 oxidation is catalyzed by Orp1. In the
absence of Ybp1, the interaction of Yap1 with Orp1 may not be
favored, and because the steady-state protein level of Tsa1 is 45
times that of Orp1, it may catalyze H2O2 oxidation of Yap1. In
fact, in vitro reconstitution assays with Tsa1, Yap1, the
thioredoxin system, and NADPH showed that Tsa1 Cys48
could generate an intermolecular disulfide bond with Yap1, in a
manner analogous to that of Orp1, followed by an exchange
reaction producing a Yap1 intramolecular bond. As opposed to
Orp1, Tsa1 resolving Cys171 is required for Yap1 activation.
This can be explained by the fact that Tsa1 forms a homodimer
linking Cys48 of one monomer with the resolving Cys171 of
the other monomer, leaving the other Cys48 of the dimer in the
thiol form. The SOH form of Tsa1 Cys48 of the dimer would
then catalyze Yap1 oxidation by forming an intramolecular
disulfide bond.131

S. pombe Pap1. The Pap1 transcription factor is the
homologue of budding yeast Yap1.132−134 It also responds to
moderate levels of peroxides (∼0.2 mM extracellular H2O2) by
rapidly adopting a conformation that blocks its nuclear export
and allows its transient accumulation in the nucleus.80 Like
Yap1, Pap1 may be modified by oxidants other than H2O2, but
again, the activation and Cys residues involved differ from those
observed with H2O2.

135 Despite these similarities between Yap1
and Pap1, the two proteins differ in the sensor protein that
catalyzes their oxidation, Orp1 (a GPx-like protein) for Yap1
and Tpx1 (a Prx) for Pap1. The different features of these two
peroxidases, discussed below, are the basis for the narrow range
of H2O2 levels to which Pap1 responds and explain why S.
pombe has evolved two different, although overlapping, H2O2
signaling pathways, an adaptive pathway driven by Pap1 and a
survival pathway, activated at high levels of H2O2, driven by the
MAP kinase Sty1 and the Atf1 transcription factor.37,38,136 In
response to moderate doses of H2O2 (extracellular levels of
0.07−0.2 mM), Pap1 upregulates the expression of approx-
imately 40−80 genes related to both antioxidant defense and
multidrug resistance.133,134,137,138 However, as the transcrip-
tional activation of multidrug resistance genes requires only the
nuclear accumulation of Pap1, the upregulation of genes
involved in the adaptive response to oxidative stress such as
trr1, ctt1, or srx1 requires the nuclear accumulation of oxidized
Pap1 containing at least one disulfide bond. Proper oxidation of
Pap1 allows full transcription of these genes by interacting with

Prr1, the other transcription factor that partners with Pap1 to
induce the antioxidant defense.138

Pap1 contains seven Cys residues clustered in two domains,
one at the center of the polypeptide called the N-terminal Cys-
rich domain (nCRD) containing four Cys residues and the
second at the C-terminal domain (cCRD) containing the other
three Cys residues. A model for the mechanism of Pap1
activation is shown in Figure 3C. After only 1−5 min under
moderate H2O2 stress, Pap1 accumulates in the nucleus by a
mechanism involving the formation of at least one intra-
molecular disulfide bond that contributes to the dissociation
between Pap1 and the Hba1−Crm1 nuclear export machi-
nery.38,80,135,139 Early studies using Cys substitutions of nCRD
Cys278 and cCRD Cys501 showed that the nuclear
accumulation of Pap1 was fully and largely, respectively,
prevented in these two mutants.135 Further studies using Cys
mutations in the endogenous pap1 locus indicated that Cys278,
Cys285, and Cys532 were essential for triggering the
conformational change observed with nonreducing electro-
phoresis, triggering nuclear accumulation, and tolerating
peroxides at wild-type levels. We also showed that although
Cys501 was required for Pap1 oxidation and for nuclear
accumulation, substitution of this Cys did not fully impair
transcriptional activation.39 In addition, proteomic analysis of
the in vivo Pap1 redox state under basal and induced conditions
revealed that all seven Cys residues were reduced under
untreated conditions, and at least four of them, Cys278, -285,
-501, and -532, appeared to be reversibly oxidized after being
exposed to H2O2.

39

It has been established that Tpx1 senses H2O2 fluctuations
and initiates the process of Pap1 oxidation, probably by a
thiol−disulfide exchange reaction.37 Whereas under physio-
logical conditions Tpx1 performs its catalytic cycle detoxifying
the H2O2 concentrations generated during the aerobic growth
of the cell36 and Trx1 restores the redox state of Tpx1, under
conditions that deplete reduced Trx1 that, therefore, leads to
the normal aerobic catalytic Tpx1 becoming saturated, that is,
at concentrations of ∼0.2 mM extracellular H2O2, Pap1
becomes the alternative electron donor to reduce Tpx1.37 We
proposed that the fully oxidized Tpx1 dimer transfers a disulfide
bond between catalytic Cys48 and resolving Cys169 to Pap1.
That would explain why the two Cys residues in Tpx1 are
required for Pap1 oxidation.37 We have to indicate, however,
that an alternative explanation for this Cys169 requirement is
that the Tpx1 dimer capable of transferring the redox signal to
Pap1 should contain an intradimer disulfide between Cys48 of
one monomer and Cys169 of the other, with the other Cys48-
SOH in the dimer being responsible to engage Pap1 activation.
Furthermore, a full Tpx1 cycle could also be required to trigger
Pap1 activation, with only a small percentage of Pap1 oxidation
occurring in each Tpx1 cycle; this setting should also justify the
requirement for both Cys48 and Cys169 in Tpx1.
The cycle of H2O2 scavenging by Prxs also explains the

narrow range of H2O2 concentrations that can trigger Pap1
oxidation. Thus, at high H2O2 concentrations, Tpx1 is
inactivated by hyperoxidation of its catalytic Cys48 to a
SO2H form. This form can be reduced back to a thiol form only
by the sulfiredoxin Srx1, the expression of which depends on
the activation of the Sty1 pathway, which in turn becomes
maximally activated with larger doses of peroxides.38,136 The
substrate-dependent inactivation of Tpx1 explains the inhib-
ition of Pap1 activation at high levels of H2O2. In contrast,
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activation of Yap1 by the GPx-like Orp1 is not limited to low
levels of peroxides.
Gpx1 is another Trx-dependent peroxidase member of the

GPx family present in S. pombe.77 In the absence of Tpx1, Gpx1
can also initiate Pap1 oxidation and trigger nuclear accumu-
lation and activate transcription of Pap1-dependent genes, but
only when massively overexpressed from a plasmid.37 However,
this activation occurs only at high H2O2 concentrations (2
mM) because of the lower affinity of Gpx1 for H2O2.
The transcriptional activation of Pap1 is transient (with a

maximum at 15 min), although the oxidized form of Pap1
observed by nonreducing gel electrophoresis starts to decline
even earlier. The reduction of Pap1 seems to depend on the
Trx system. In particular, Trx1 and, to a lesser extent, Trx3 are
responsible for Pap1 reduction; thus, the absence of Trx1
results in a significant increase in the level of gene expression
under basal conditions and a sustained transcriptional activation
of Pap1-dependent genes after the imposition of stress.37

Nrf2/Keap1 in Animal Cells. As opposed to unicellular
organisms, pluricellular organisms use multiple defense
mechanisms to ensure protection against the toxic effects of
oxidants and electrophiles to which they are exposed. These
defense systems may be divided into four categories: (i) phase I
enzymes, such as P450 enzymes, that introduce functional
groups onto hydrophobic organic molecules, (ii) phase II
enzymes, which conjugate the highly reactive products of phase
I enzymes with hydrophilic groups, such as GSH or UDP-
glucuronic acid, to facilitate their excretion (this group also
includes enzymes like superoxide dismutase, GPx, and catalase,
which inactivate reactive oxygen species), (iii) phase III efflux
transporters that export toxic metabolites, and (iv) thiol-
containing molecules such as GSH and Trx, which function to
both maintain cellular redox homeostasis and inactivate
electrophilic compounds. An additional category of proteins
involved in detoxification consists of ubiquitination enzymes
and proteasome subunits that mediate degradation of oxidized
proteins.140

The induction of phase II enzymes requires at least three
essential components: (i) antioxidant response elements
(AREs) in the promoter regions of these genes, either single
or in multiple copies,141 (ii) Nrf2 (nuclear factor erythroid 2-
related factor), the main transcription factor that upon
heterodimerization with members of the small Maf family of
transcription factors, binds to the ARE and recruits the general
transcriptional machinery for expression of ARE-regulated
genes,142 and (iii) Keap1, a cytosolic repressor protein that
binds to Nrf2, retains it in the cytoplasm, and promotes its
proteasomal degradation. The main body of data indicates that
transcriptional activity of Nrf2, determined by its level of
expression and its distribution between the nucleus and the
cytoplasm, depends primarily on Keap1 that acts as the real
receptor of electrophilic compounds and oxidants.143 However,
the Keap1/Nrf2 system can also be activated by phosphor-
ylation144 because protein kinase R-like endoplasmic reticulum
kinase and protein kinase C phosphorylate Nrf2 directly in vitro
and in vivo, resulting in the dissociation of Nrf2 from Keap1,
thus preventing its ubiquitination and degradation.
Keap1 (Kelch-like ECH-associated protein 1) belongs to the

superfamily of BTB-Kelch proteins in metazoans and consists
of five distinct domains. The amino-terminal region (NTR)
consists of the first 60 amino acids. Amino acids 61−179 form
the BTB/POZ domain (bric-a-brac, tramtrack, broad complex/
Poxvirus zinc finger). This domain is evolutionarily conserved

and usually functions as a protein−protein interaction domain
that mediates dimerization. Keap1 is linked through the BTB
domain with the scaffold protein Cul3, which, along with
ubiquitin ligase Rbx1, constitutes the ubiquitin ligase E3
complex145,146 responsible for Nrf2 ubiquitination. The Keap1
monomers are assembled into a paired complex through the
BTB domain, and this dimerization is required for binding to
Nrf2.147 The intervening region (IVR) of Keap1, particularly
rich in Cys residues (nine Cys residues among 134 amino
acids), encompasses amino acids 180−314.143,148 This is the
domain in which the highly reactive Cys residues reside. Keap1
binds Zn2+ ions (1:1 molar ratio; Ka ∼ 1011 M−1) through
Cys254, -273, -288, and -293, and some histidine residues that
are also embedded in the IVR domain.149 It is possible that the
binding to Zn2+ of several of these Cys may contribute to their
ionization and high reactivity. Actually, the reaction of these
Cys residues with oxidants leads to Zn2+ release and disulfide
bond formation. The double glycine repeat (DGR) or Kelch
domain spans amino acids 315−608. Keap1 binds to Nrf2
through this domain. The Kelch repeat motif is defined by
highly conserved glycine, tyrosine, and tryptophan residues.
There are eight Cys residues that are not engaged in signal-
mediated disulfide bonds. Finally, amino acids 609−624
comprise the carboxy-terminal domain (CTR). This region
ends with a conserved triple CTC repeat reminiscent of the
CXXC sequence found in the active site of protein disulfide
isomerases. It has been reported that a tripeptide CGC-NH2
possesses disulfide isomerization activity,150 but this activity has
not yet been determined for the CTC sequence of Keap1.
The identification of physiologically relevant Cys residues for

Keap1 sensing function has remained elusive for several
reasons. First, Keap1 contains 25 (mouse) or 27 (human)
Cys residues, and at least 10 of them are predicted to be highly
reactive as they are located in the vicinity of positively charged
amino acids that reduce the pKa of thiol groups. Second, in vitro
studies have been performed to determine the reactivity of
Keap1 Cys residues treating recombinant Keap1 with several
compounds of very different chemical nature and over a wide
range of concentrations, with complicated and sometimes
contradictory results. Third, in vivo studies were also
performed, using wild-type Keap1 and its Cys mutants, and
again a plethora of different chemicals were used; moreover,
many different assays were performed with different readouts
(ARE-dependent gene activation, Keap1−Nrf2 binding, Nrf2
ubiquitination and degradation, etc.). Excellent reviews that
comprehensively report the available data have been
published.143,151−153 However, despite the great diversity of
approaches, Cys151 of the BTB domain and Cys288 of the IVR
domain were the Cys residues most frequently identified as
being highly reactive.154,155 Furthermore, in vivo studies
conducted with mutant Keap1 with substituted Cys residues
revealed the functional importance of Cys273, Cys288, and
Cys151.156−159 These studies also allowed the determination
that the Keap1−Nrf2 pathway can be upregulated by various
cellular stresses (oxidative stress, shear stress, and ER stress)
and structurally diverse small molecules (inducers) of
endogenous (e.g., 15-deoxy-Δ12,14-prostaglandin J2, nitric
oxide, and especially H2O2) and exogenous origin. Keap1−
Nrf2 inducers were classified into 11 chemically distinct classes:
oxidizable diphenols, phenylenediamines and quinones, Mi-
chael acceptors, isothiocyanates, thiocarbamates, trivalent
arsenicals, dithiolethiones, hydroperoxides, vicinal dimercap-
tans, heavy metals, and polyenes.151
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It was shown that H2O2 was able to activate the Nrf2-
dependent gene expression program, involved in detoxification
pathways and in the oxidative stress response such as the ets-1
gene in a carcinoma cell model160 or heme-oxygenase I in
macrophages.161 The group of Toledano demonstrated that
under basal or untreated conditions, Keap1 exists in two redox
forms: a fully reduced form without apparent disulfide bonds
among its various Cys residues and a less abundant oxidized
form with an intramolecular bond.162 Treatment with 200 μM
H2O2, below toxicity levels, resulted in a transient increase in
the levels of the oxidized form and in the appearance of two
slowly migrating forms revealed by sodium dodecyl sulfate−
polyacrylamide gel electrophoresis (SDS−PAGE), one corre-
sponding to a dimer between two Keap1 molecules. The Cys
residues participating in the formation of the intramolecular
disulfide bond were identified as Cys226 and Cys613, resulting
in a long-range intramolecular linking that spans the entire
Kelch domain and suggesting that in the fully folded state of
Keap1, these two Cys residues are in the proximity of each
other. However, the intramolecular bond between Cys226 and
Cys613 is not involved in Keap1 signaling function as a mutant
with Cys226 substituted with serine still responded to tert-
butylhydroquinone. The authors also identified Cys151 as the
residue involved in the intermolecular bond between different
Keap1 subunits. A Keap1 mutant carrying a Cys151-to-serine
substitution did not allow Nrf2 stabilization upon treatment
with t-BHQ, indicating that formation of the Cys151-
dependent Keap1 homodimer through a disulfide bond is
important for Nrf2 activation in response to oxidants.
As expected for a signaling pathway, the oxidation of Keap1

by H2O2 is a reversible and very transient process that peaks 5
min after treatment. This transient modification that reflects the
short-lived nature of H2O2 parallels a slight but reproducible
stabilization of Nrf2.162 The reversibility of Keap1 oxidation is
due to the recycling of the protein back to its reduced state by
the Trx or the GSH/Grx systems. Interestingly, these two thiol-
redox pathways are not the only ones to reduce Keap1, as
blocking simultaneously both of them delayed by 30 min, but
did not abolish, the reduction of Keap1.
As mentioned above (see H2O2 Reactivity with Thiol

Groups), protein Cys residues do not react easily with H2O2,
and only Cys residues of specific sensor proteins such as Prxs or
OxyR are directly oxidized by H2O2. This raises the question of
whether oxidation of Keap1 involves direct modification by
H2O2, in which case it would proceed through the oxidation of
a Cys to a SOH, and condensation with a proximal Cys residue
leading to the formation of a disulfide. At present, this question
is unanswered. However, first attempts to identify modified
Keap1 Cys by H2O2 using zebrafish larvae or embryos showed
that, even though H2O2 could activate Nrf2-dependent genes in
larvae, it failed to do so in embryos, suggesting that at least for
the latter, an additional factor not present in the system was
required to activate Nrf2.163 It can be suggested that this factor
could be a Prx or another protein directly modified by H2O2
that would then transduce the signal to Keap1.
To understand the mechanism of activation of Nrf2 by

oxidants such as H2O2, it is necessary to understand how
modification of Cys151 results in the accumulation of nuclear
Nrf2 capable of binding to target genes (for a comprehensive
review of the different proposed mechanisms, see ref 143).
According to the predicted structure of the Keap1 BTB domain
proposed by Fourquet and colleagues,162 Cys151 not only is
remote from both the BTB dimerization interface and the E3

ligase Cul3 but also is buried by four basic amino acids residues,
which restrict its accessibility but, at the same time, favor its
reactivity toward electrophiles and oxidants. From this
perspective, Keap1 could be envisaged as a true sensor of
H2O2. Oxidation of this residue to SOH in one monomer of
Keap1 and subsequent disulfide formation with the thiol of
Cys151 of another Keap1 monomer or, alternatively, between
the two subunits of a noncovalent Keap1 dimer (see below)
would then affect the BTB canonical dimerization domain as
well as the Cul3 interaction domain and, therefore, suppress
Nrf2 ubiquitination and degradation. On the basis of these data,
we propose an Nrf2 activation model depicted in Figure 3D.
Using a newly developed quantitative Förster resonance

energy transfer-based system using multiphoton fluorescence
lifetime imaging, and choosing sulforaphane as an inducer,
Baird and colleagues have proposed a mechanism for Nrf2
activation called “cyclic sequential attachment and regeneration
model of Keap1-mediated degradation of Nrf2”.164 According
to this model, under noninduced or basal conditions, newly
translated Nrf2 would bind to a free Keap1 dimer through a
high-affinity Nrf2 ETGE motif, giving rise to an open
conformation of the Keap1−Nrf2 complex. In this conforma-
tion, Nrf2 is not ubiquitinated. After a certain period of time in
the open conformation, Nrf2 would make contact with the
other sububit of the Keap1 dimer through the low-affinity Nrf2
DLG motif. In this closed conformation, Nrf2 lysine residues
are oriented in such a way that they are polyubiquitinated and,
therefore, Nrf2 is released for degradation by the proteasome.
Upon treatment with electrophils or oxidants, the modification
or oxidation of reactive Cys residues of Keap1 would lead to
conformational changes in Keap1 so that Nrf2 would still be
bound to Keap1 in a closed conformation but would no longer
be aligned with the E2 ubiquitin-conjugating enzyme,
ubiquitination would not occur, and bound Nrf2 would be
sequestering Keap1. Then, newly translated Nrf2 would not be
able to find free Keap1 molecules and would be targeted to the
nucleus to activate genes. According to this model, any slight
increase in Nrf2 levels would overload Keap1 and allow newly
synthesized Nrf2 turning on the expression of target genes. The
work of Toledano162 suggested that the two Keap1 dimer
species, one formed through nonredox BTB interactions and
another through a disulfide bond between Cys151 residues of
two monomers, are mutually exclusive. Perhaps the closed
uninduced conformation proposed by Baird and colleagues
could correspond to a noncovalent Keap1 dimer, not observed
under Toledano’s experimental denaturing conditions, and the
closed induced conformation could correspond to a disulfide-
mediated/stabilized Keap1 dimer. However, as the nature of
the inducing agents is different in both studies, different
mechanisms for transducing the signal but using a common
sensing Cys residue may also exist.

■ GENETICALLY ENCODED CYS-BASED H2O2
SENSORS

Many small permeable fluorescent probes are used for
monitoring H2O2 in living cells (for a review, see ref 165).
Alternatively, the highly reactive character of some thiol groups
from particular proteins has been recently used for the
development of redox-sensitive fluorescent proteins. These
are genetically encoded redox-sensitive probes derived from
green fluorescent protein (roGFPs), which are ratiometric tools
that allow specific, quantitative, dynamic, and compartment
specific observations of intracellular redox potential or H2O2.
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Wild-type GFP has a single emission peak (maximum at 509
nm) and two excitation peaks, 395 nm (A-band) and 475 nm
(B-band), reflecting a protonated neutral form or a
deprotonated anionic form, respectively, of the phenol group
at position 66 within the chromophore.166,167 There is a variant
favoring chromophore deprotonation, called enhanced GFP
(EGFP), resulting from an S65T mutation, which shifts the
major excitation peak to 488 nm.168 roGFPs are based on wild-
type GFP or EGFP, in which two Cys residues have replaced
S147 and Q204, resulting in roGFP1 and roGFP2,
respectively.169 roGFPs equilibrate with the GSH/GSSG pool
in a process apparently catalyzed by endogenous Grxs. Thus, an
increase in the level of GSH oxidation leads to roGFP
oxidation, resulting in an increase in the magnitude of the A-
band and a decrease in the magnitude of the B-band.170,171 This
behavior is reversible; consequently, reducing conditions
provoke an opposite effect. While these probes were able to
detect changes in the intracellular redox potential, their slow
equilibration prevented their use in detecting transient and
rapid oxidative changes.172 With a goal of improving
equilibration rates, an improved generation of these probes
was designed. These new roGFP derivatives are covalently
fused to a redox catalyst, facilitating a fast and complete
equilibration of the probe with a particular redox couple. Thus,
Grx1-roGFP2 is a very specific probe for the 2GSH/GSSG
redox couple (Figure 4A).173 To directly measure H2O2, the
GPx-like Orp1 was fused to roGFP2 (roGFP2-Orp1) (Figure
4B).174 As described above (see H2O2-Activated Transcription
Factors), Orp1 is a GPx-like protein that upon H2O2-
dependent Cys oxidation is able to transfer the redox signal

to some Cys residues of the S. cerevisiae transcription factor,
causing its nuclear accumulation and activation of an
antioxidant response.75 Importantly, Orp1 is able to transfer
the oxidation status not only to Yap1 but also to other proteins,
for example, in this case to roGFP2. Thus, with fluctuations in
H2O2 concentrations, Orp1 Cys36 and -82 are oxidized to a
disulfide bond. This disulfide is then transferred to roGFP2
through a thiol−disulfide exchange. It is worth pointing out
that for this redox relay to occur, both Cys residues in Orp1 are
required, which reinforces the idea that Ybp1 may be
participating in promoting the direct Orp1-SOH-to-SH-Yap1
relay. With regard to the use of roGFP2-Orp1 as a peroxide
sensor, it is also important to mention that every molecule of
H2O2 is converted into a disulfide bridge in roGFP2 in a
stoichiometric manner, transforming H2O2 concentrations in
measurable fluorescent signals in living cells.173

Similarly, the HyPer probe was also engineered to specifically
report intracellular H2O2 concentrations (Figure 4C).

175 In this
case, the sensitive element of the probe is the regulatory
domain of the transcription factor OxyR (OxyR-RD). Cys199
within OxyR-RD reacts with H2O2 to initially form a SOH
derivative. This is highly unstable and rapidly condenses with
Cys208 located in the same domain. Disulfide bond oxidation
leads to an important conformational change involving peptidic
residues 205−222. To construct HyPer, the circularly permuted
yellow fluorescent protein (cpYFP) was inserted between
residues 205 and 206 of OxyR-RD, resulting in cpYFP-OxyR-
RD.175 HyPer has two excitation peaks, with maximal values at
420 and 500 nm, and one emission peak at 516 nm. H2O2-
driven HyPer oxidation results in a decrease in the magnitude

Figure 4. Genetically encoded redox probes to monitor oxidative stress. (A) Grx1-roGFP2 redox regulation. With an increase in the oxidized fraction
of GSH (GSSG), Grx1 forms a mixed disulfide intermediate with GSH. This reacts with one of the thiols in roGFP2, which consequently becomes S-
glutathionylated. In the last step, there is a rearrangement of the S-glutathionylated form of roGFP2, yielding an internal disulfide bond. Oxidation of
the probe causes changes in the fluorescent excitation maxima, which can be measured by flow cytometry or confocal microscopy. (B) roGFP2-Orp1
redox regulation. Upon H2O2 treatment, Orp1 is initially oxidized to SOH, which readily forms an intramolecular disulfide bond with another Cys of
Orp1. This disulfide is then transferred to roGFP2 through a thiol−disulfide exchange. Again, oxidation of the probe can be measured by changes in
the excitation fluorescence. (C) HyPer redox regulation. Cys199 within OxyR-RD reacts with H2O2 to initially form a SOH. This rapidly condenses
with Cys208 located in the same domain, but it is separated by cpYFP in the probe. Disulfide bond formation leads to an important conformational
change resulting in measurable fluorescent changes in living cells.
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of the 420 nm peak that is concomitant with a proportional
increase in the magnitude of the 500 nm emission peak. So, as
in the case of roGFP2-Orp1, disulfide formation in the HyPer
probe transduces H2O2 concentrations into measurable
fluorescent signals in living cells. It is important, however, to
keep in mind that both Orp1 and OxyR are reduced by the Trx
and GSH/Grx systems, respectively; consequently, these
probes reflect a balance between H2O2-driven thiol oxidation
and thiol reduction. Excellent reviews on redox probes based on
fluorescent proteins have been recently reported by Meyer and
Dick176 and Lukyanov and Belousov.177

■ METHODOLOGIES FOR STUDYING REVERSIBLE
CYS MODIFICATIONS

The study of proteins with Cys residues undergoing redox
modifications has been always a challenging task. Some time
ago, this type of research was based on single-protein analysis,
which was often supported with the help of genetics (by gene
deletion and/or site-directed mutagenesis). In the past few
years, with the development of the proteomic field, it is
becoming more and more common to find detailed analysis of
reversible thiol oxidations under diverse environmental and
genetic conditions in different organisms and cell types.
One of the main difficulties at the time of studying reversible

Cys oxidations is to obtain a snapshot of the in vivo Cys redox
status at a desired particular time. This is due to the highly
reactive nature of the thiolate anion and to the dynamism of
intracellular redox events. Therefore, before any proteomic
procedure is started, it is necessary to block thiolate reactivity.
Probably the best option is to perform cell lysis in the presence
of trichloroacetic acid (TCA),178 which not only rapidly
protonates all redox active thiolate anions by shifting the pH
below their pKa values but also stops thiol−disulfide exchanges
by precipitating and denaturing proteins.179,180 Alternatively,
although less efficiently, because thiolates are good nucleo-
philes, membrane-permeable alkylating agents, such as
iodoacetamide (IAM) or maleimide derivatives, are also used
for freezing the thiol-redox status (a good review on this topic
can be found in ref 178).
Once the thiolate reactivity was minimized by acidification

and alkylation, several proteomic approaches have been
undertaken to assess in vivo global redox changes of thiol
proteomes, using different cellular backgrounds and/or
environmental interventions.
Study of SOH Modifications. SOH modifications can be

directly detected by taking advantage of the electrophilic
character of the oxidized sulfur atom. Thus, sulfenic acids react
with 5,5-dimethyl-1,3-cyclohexanedione (dimedone) and other
nucleophiles yielding thioethers. Dimedone and 1,3-cyclo-
hexanediones in general provided the basis for the development
of novel derivatized compounds incorporating biotin or
fluorescent groups to allow direct trapping, tagging, and
visualization of proteins containing sulfenic acid modifica-
tions.181−187 More recently, the non-dimedone-related linear β-
ketoesters were reported to have improved kinetics when
compared to those of dimedone at physiological pH, easy
derivatization by click chemistry, and improved compatibility
for downstream mass spectrometry (MS) analysis, as tags can
be removed by hydroxylamine.188 Other methodologies for
studying protein sulfenation include immunochemical detec-
tion.189,190 Thus, sulfenic acids in proteins are first derivatized
with dimedone and then recognized by highly specific

antibodies allowing direct visualization of sulfenic acid
formation in cells.

Study of Disulfide Bond Modifications. Diagonal SDS−
PAGE was adapted to identify cytoplasmic proteins that suffer
disulfide bond formation upon oxidative stress treatment.191

This methodology consists of separating oxidized proteins in a
first dimension by nonreducing electrophoresis. Then, a lane
containing the separated proteins is excised from the gel and
placed horizontally in a second gel to perform a second
electrophoretic dimension under reducing conditions. This
results in an atypical two-dimensional (2D) gel containing a
diagonal line of proteins representing the majority of proteins
that do not form disulfide bonds. However, some proteins
appear as spots in the right side of the diagonal; these are
proteins forming intermolecular disulfide bonds (proteins
migrating slower in the first dimension). In contrast, proteins
forming intramolecular disulfide bonds may migrate faster in
the first dimension, appearing in the left side of the diagonal
upon the second electrophoretic dimension. This approach was
used to detect disulfide bond formation in a mammalian
neuronal cell line exposed to different oxidative insults.191

However, a major intrinsic limitation to this technique is the
use of 2D electrophoresis (see the following paragraph).

Study of General Reversible Thiol Oxidation: The
Biotin Switch Assay. To study oxidations of thiols not only to
SOH or disulfide bonds but also to other types of reversible
oxidations, a different approach was designed, initially
developed to detect Cys S-nitrosylation,192 which was called
the biotin switch assay. In this strategy, Cys oxidation is
detected as an increase in the level of probe incorporation in
reducible thiols. Independently of having used or not TCA to
block thiolate reactivity, all reduced Cys residues in the
proteome are first blocked with an alkylating agent (IAM or
maleimide). Then, reversibly oxidized thiols are reduced with a
reducing agent, and the newly appearing reduced Cys residues
are alkylated with IAM- or maleimide-biotin derivatives. The
use of biotin derivatives allows sample enrichment by affinity
purification and therefore notable improvements in the
sensitivity and specificity of the technique. Despite the
controversy caused by the lack of specificity, different types
of reducing agents have been used to report different types of
Cys modifications. Thus, SNOs can be detected upon
incubation with ascorbate/CuCl2,

193 improving selectivity
when compared to that of ascorbate alone.194 Sulfenated Cys
can be specifically detected upon reduction with arsenite.193,195

The C14S/C65Y doble mutant of E. coli Grx3 specifically
reduces S-glutathionylated Cys.196 Dithiothreitol (DTT) and
tris(2-carboxyethyl)phosphine hydrochloride (TCEP) non-
specifically reduce all types of reversible thiol oxidations.197−199

This type of strategy, in combination with 2D electrophoresis,
allowed the successful identification of many redox-sensitive
proteins in different organisms, including bacteria,179 yeast,200

and cells from higher eukaryotes.201 Still, 2D electrophoresis is
a major limitation of these techniques, because it lacks
sensitivity, which results in the identification of only those
proteins strongly expressed in cells. Specificity is also a major
issue, as determined using the new generation mass
spectrometers: they are able to report the presence of several
proteins in a single 2D gel spot, and it is impossible to discern
which is the protein suffering thiol oxidation. Moreover, these
methodologies are at best semiquantitative, and they do not
allow the identification of the Cys residues oxidized within the
polypeptide.
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Gel-Free Approaches, a Step Forward in the Charac-
terization of Reversibly Oxidized Thiol Proteomes. The
incredible development of the proteomics field in the past few
years, including quantitative proteomics, has paralleled the
development of new methodologies for the detection and
quantification of reversible thiol modifications. Thus, SNO site
identification (SNOSID) was proposed as a gel-free extension
of the biotin switch methodology.202 Peptides rather than
proteins are enriched by avidin resin prior to mass
spectrometry-based identification of only those peptides
previously containing a SNO modification. A similar strategy,
named SNO resin-assisted capture (SNO-RAC), proposed the
capture of originally SNO-modified proteins with thiol-reactive
beads, with an “on-resin” trypsinization step prior to liquid
chromatography (LC)−MS/MS analysis.203 Still, because of
the labile nature of the SNO modification, these indirect
methodologies are today being challenged by new experimental
approaches involving the direct reaction of SNOs with
phosphine derivatives (reviewed in refs 204 and 205). Another
sophisticated methodology recently developed that uses mass
spectrometry for the identification of reversible Cys oxidations
is GELSILOX (gel-based stable isotope labeling of oxidized
Cys).206 After alkylation of reduced thiols in extracts, this
method uses only SDS−PAGE to comprise a whole proteome
in a single band; gel slices are then used as reaction chambers

for all subsequent reactions (reduction, alkylation of oxidized
thiols, and protein digestion) and will avoid additional protein
precipitation steps between the different steps. After trypsiniza-
tion, peptides from two different biological samples are eluted
from the gel and subjected to differential 16O/18O labeling prior
to mass spectrometry. This method allows the quantification of
reduced and oxidized Cys as well as protein abundance
simultaneously in the same experiment.
The adaptation of the quantitative isotope-coded affinity tag

(ICAT) technology207 to redox proteomics208,209 constitutes an
important step in the characterization of reversibly oxidized
thiol proteomes. ICAT moieties are alkylating agents consisting
of an IAM linked to a biotin tag through a nine-carbon linker,
which exists in an isotopically light form ([12C]ICAT) and a 9
Da heavier isotopic form ([13C]ICAT). Thus, by differential
alkylation of samples, this technique was used either for the
quantification of the absolute oxidation status of proteins in a
single sample, which was called OxICAT,210 or for the
comparison of two samples at once.86,211

In the OxICAT methodology, initially reduced Cys residues
are labeled with light ICAT, whereas upon reduction, newly
appearing reduced Cys residues are labeled with heavy ICAT.
After trypsinization, the biotin side of the ICAT moiety allows
affinity purification and enrichment of Cys-containing peptides,
which are then processed by high-performance liquid

Figure 5. ICAT-based gel-free approach for studying reversibly oxidized thiol proteomes. TCA protein extracts are prepared from condition 1 and
condition 2 cells. Reduced thiols in extracts are alkylated with iodoacetamide (IAM). Upon reduction of reversible oxidized thiols with a reducing
agent (TCEP), newly formed thiols are alkylated with either light (B-12C-IAM, extracts from condition 1) or heavy (B-13C-IAM, extracts from
condition 2) ICAT reagents. Labeled protein extracts are then mixed and trypsinized. ICAT-labeled peptides are enriched by affinity purification,
fractionated by liquid chromatography, and analyzed by mass spectrometry (LC−MS/MS). For each peptide, a ratio of Cys oxidation is obtained by
comparing condition 2 to condition 1. To quantify individual concentrations of protein levels, an additional step of protein quantification can be
performed. In this case, N-terminal labeling with dimethyl or iTRAQ derivatives is proposed (bottom dashed panel). To do so, total extracts are
independently trypsinized, and peptides are isotopically labeled at their N-terminal groups, mixed, fractionated by liquid chromatography, and
analyzed by mass spectrometry (LC−MS/MS).
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chromatography (HPLC) and quantified and identified by LC
and tandem MS/MS analysis, respectively. Importantly, the fact
that the light and heavy ICAT reagents are chemically identical
allows them to co-elute from the HPLC system and to behave
identically in the mass spectrometer. Thus, differences of 9 Da,
or multiples of 9 Da, reflect the number of oxidized Cys
residues in a peptide. Moreover, relative peak areas of a peptide
containing a Cys labeled with both heavy and light ICAT
reagents reflect its absolute oxidation status. This technique has
several strengths: it is quantitative, it allows the identification of
thousands of peptides at the same time and the identification of
the involved redox-sensitive Cys residues, as well as their in vivo
oxidation status, and it is immune to changes in protein
expression or protein turnover. In fact, it was successfully
applied to detect reversible Cys oxidations in E. coli,210 S.
cerevisiae,212 or Caenorhabditis elegans.213,214 However, there are
still some constraints, the main one being the high level of
sample complexity reached with this type of approach. Thus, as
more than 90% of intracellular Cys residues are in their reduced
state,215 there is a large disproportion among Cys-containing
peptides labeled with one of the ICAT reagents in comparison
with the other. To perform analysis, extensive sample
fractionation is required, making data analysis difficult and
time-consuming, even requiring specific software development
and qualified proteomic and bioinformatics personnel.210

Sample complexity can be diminished if ICAT reagents are
used for comparison of two samples at once (Figure 5). Thus,
for the two samples to be compared, reduced thiols are blocked
with an alkylating agent, and upon reduction of reversibly
oxidized thiols, newly appearing thiols are labeled in one of the
samples with the light ICAT reagent and in the other with the
heavy ICAT reagent. Then, the two samples are mixed in equal
ratios, trypsinized, affinity purified, and subjected to LC−MS/
MS analysis. For each peptide, a ratio of Cys oxidation (ICAT
ratio) is obtained by comparing the abundance of a particular
peptide in one sample with the levels of the same peptide in the
other sample. In this case, because only those peptides
containing reversible oxidized thiols in both samples are
labeled with ICAT reagents, the amount of Cys residues labeled
with either ICAT reagent is approximately on the same order of
magnitude, providing a sample with a lower level of complexity,
which considerably simplifies data analysis. A minor limitation
of this approach, however, is that it is not as quantitative as the
former. Still, this disadvantage can be overcome by adding a
step of protein quantification. Thus, by combining ICAT
labeling with N-terminal dimethyl labeling216 (to determine the
steady-state concentrations of individual proteins), we were
able to quantify reversibly oxidized thiols in S. pombe upon
oxidative stress and in different strain backgrounds (Figure
5).86,211

What To Expect from the Analysis of Reversibly
Oxidized Thiol Proteomes. The proteomic characterization
of reversible thiol oxidations upon H2O2 treatment consistently
showed oxidations of specific Cys residues of proteins,
belonging to all subcellular compartments and to several
functional categories (including antioxidant enzymes, cytoske-
letal proteins, chaperones, ribosomal proteins, proteolytic
proteins, and metabolic enzymes). The real meaning of Cys
oxidation in many of these proteins remains to be proven;
however, speculation and the study of particular cases, such as
GAPDH oxidation (for a review, see ref 26), probably indicate
a metabolic adjustment to counteract the oxidative stress
exerted. As an example, oxidation of enzymes of the glycolytic

pathway, such as GAPDH, may promote a metabolic switch
from glycolysis to the pentose phosphate pathway (a
specialized route for the generation of NADPH, the major
intracellular electron donor). Another important outcome from
these experiments is the confirmation that thiol oxidation by
H2O2 does not occur randomly in proteins. First, under
physiological conditions, there is a certain percentage of
proteins with Cys residues oxidized to reversible forms (5−
10% of total thiols),215 and second, upon oxidative treatment,
only specific proteins, probably those with solvent-exposed and
low-pKa Cys residues, are prone to increases in their oxidized
fractions.

■ CONCLUSIONS
In recent years, there has been an increasing amount of
literature regarding H2O2-dependent Cys oxidation linked to
signaling. Several studies have described the intracellular
pathways that are triggered through changes in the redox
status of particular Cys residues in proteins upon H2O2 stress.
In prokaryotes and unicellular eukaryotes, these cascades are
mainly devoted to triggering antioxidant responses that allow
adaptation and/or survival to the encountered stress. In higher
eukaryotes, the Keap1−Nrf2 complex regulates the environ-
mental stress-protective response, although H2O2 signaling
mainly comes from endogenous sources, such as NADPH
oxidases or mitochondria. However, there are still important
gaps to be filled to fully understand the essence and extent of
reversible Cys oxidation linked to signaling events. With the
development of new proteomic approaches for the character-
ization of posttranslational amino acid modifications, new clues
about the nature of the modified proteins are emerging.
However, it is still necessary to reach higher detection limits to
encounter less abundant proteins that may be importantly
regulated, especially at the low physiological concentrations of
the oxidant. Moreover, major efforts have to be taken to
establish functional and phenotypical relationships among those
proteins mapped via proteomic studies.
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■ ABBREVIATIONS
ROS, reactive oxygen species; O2

−•, superoxide; H2O2,
hydrogen peroxide; OH•, hydroxyl radical; Cys, cysteine;
SOH, sulfenic acid; SO2H, sulfinic acid; SO3H, sulfonic acid;
Trx, thioredoxin; GSH, glutathione; Grx, glutaredoxin; Prx,
peroxiredoxin; SN2, nucleophilic substitution type 2; PTP,
protein tyrosine phosphatase; GAPDH, glyceraldehyde-3-
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phosphate dehydrogenase; GPx, glutathione peroxidase; RNR,
ribonucleotide reductase; PAPS, phosphoadenylyl sulfate;
TrxR, Trx reductase; GSSG, oxidized GSH; GSHR, glutathione
reductase; AP, alkaline phosphatase; NLS, nuclear localization
signal; bZIP, basic-leucine zipper; CRD, Cys-rich domain; NES,
nuclear export signal; AREs, antioxidant response elements;
NTR, amino-terminal region; IVR, intervening region; DGR,
double-glycine repeat; CTR, carboxy-terminal region; roGFP,
redox green fluorescent protein; EGFP, enhanced GFP; TCA,
trichloroacetic acid; SNO, S-nitrosylation; IAM, iodoacetamide;
DTT, dithiothreitol; TCEP, tris(2-carboxyethyl)phosphine
hydrochloride; SNOSID, SNO site identification; SNO-RAC,
SNO resin-assisted capture; GELSILOX, gel-based stable
isotope labeling of oxidized Cys; ICAT, isotope-coded affinity
tag; iTRAQ, isobaric tag for relative and absolute quantitation.
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